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Chapter 5
Lipid Domains and Membrane (Re)Shaping:
From Biophysics to Biology

Catherine Léonard, David Alsteens, Andra C. Dumitru,
Marie-Paule Mingeot-Leclercq, and Donatienne Tyteca

Abstract The surface of living cells provides an interface that not only separates
the outer and inner environments but also contributes to several functions, including
regulation of solute influx and efflux, signal transduction, lipid metabolism and
trafficking. To fulfill these roles, the cell surface must be tough and plastic at the
same time. This could explain why cell membranes exhibit such a large number of
different lipid species and why some lipids form membrane domains. Besides the
transient nanometric lipid rafts, morphogical evidence for stable submicrometric
domains, well-accepted for artificial and highly specialized biological membranes,
has been recently reported for a variety of living cells. Such complexity in
lipid distribution could play a role in cell physiology, including in cell shaping
and reshaping upon deformation and vesiculation. However, this remains to be
clearly demonstrated. In this chapter, we highlight the main actors involved in cell
(re)shaping, including the cytoskeleton, membrane-bending proteins and membrane
biophysical properties. Based on integration of theoretical work and data obtained
on model membranes, highly specialized cells and living cells (from prokaryotes
to yeast and mammalian cells), we then discuss recent evidences supporting the
existence of submicrometric lipid domains and documented mechanisms involved
in their control. We also provide key recent advances supporting the role of lipid
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122 C. Léonard et al.

domains in cell (re)shaping. We believe that the surface of living cells is made of a
variety of lipid domains that are differentially controlled and remodelled upon cell
(re)shaping.

Keywords Biological membranes • Membrane lateral structure • Lipid
domains • Model membranes • Living cells • Imaging • Lipid probes •
Membrane shaping • Cell deformation • Atomic force microscopy • Micropipette
• Microfluidics • Cytoskeleton • Curvature • Fluidity • Asymmetry •
Membrane dipole • Calcium

Abbreviations

AFM atomic force microscopy
BODIPY 4,4-difluoro-5,7-dimethyl-4-bora-3a,4a-diaza-s-indacene
Ca2C calcium ion
Chol cholesterol
CTxB cholera toxin B subunit
ER endoplasmic reticulum
ERM ezrin, radixin, moesin
FCS fluorescence correlation spectroscopy
FRAP fluorescence recovery after photobleaching
FRET fluorescence resonance energy transfer
GPI glycosylphosphatidylinositol
GPMV giant plasma membrane vesicle
GSL glycosphingolipid
GUV giant unilamellar vesicle
Ld liquid-disordered
Lo liquid-ordered
m“CD methyl-“-cyclodextrin
MV microvesicle
PC phosphatidylcholine
PE phosphatidylethanolamine
PI phosphatidylinositol
PIP2 PI(4,5)P2, phosphatidylinositol-4,5-bisphosphate
PIPs phosphoinositides
PM plasma membrane
PS phosphatidylserine
RBC red blood cell
SDS sodium dodecyl sulfate
SIM structured illumination microscopy
SIMS secondary ion mass spectrometry
SM sphingomyelin
SMase sphingomyelinase
STED stimulated emission depletion microscopy
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TCR T cell receptor
Tm melting temperature

5.1 Introduction

The surface of living cells is a complex assembly of a variety of molecules
that provides an interface separating the outer and the inner environments. It
is also responsible for a number of important functions, including regulation of
solute influx and efflux, signal transduction, lipid metabolism and trafficking, and
represents the target of infectious agents such as bacteria and their associated toxins,
viruses and parasites, a.o. To fulfill these functions, the cell surface must be tough
and plastic at the same time. This could explain why cell membranes exhibit a so
large number of different lipid species that are heterogeneously distributed, both
transversally and laterally.

Glycerophospholipids, sphingolipids and sterols are the main lipids found in
biological membranes. Glycerophospholipids include phosphatidylcholine (PC),
phosphatidylethanolamine (PE), phosphatidylserine (PS), phosphatidic acid (PA)
and phosphatidylinositol (PI) and its phosphorylated derivatives (PIP, PIP2 and PIP3;
collectively PIPs). Sphingolipids are derived from ceramide, which is decorated
with a phosphocholine headgroup in the case of sphingomyelin (SM) or with
saccharides in the case of glycosphingolipids (GSLs). Sterols are constituted by
an inflexible core formed by four fused rings, with cholesterol predominating in
mammals. Several features indicate remarkable membrane lipid diversity. Thus,
even within the same lipid class, lipids can differ regarding headgroup structures
and length and degree of unsaturation of the hydrophobic chains, creating thousands
of combinations. Whether each lipid species has a defined biological function or
whether cell function is modulated by structural organization of membrane lipids
remain to be elucidated. In favour of the second hypothesis, lipid diversity could
guarantee a much more stable, robust membrane that can withstand changes in the
surrounding pH, temperature and osmolarity [1]. In this context, diversity could be
intrinsically related to the different functions assumed by cell membranes including
ligand binding, endocytosis, intracellular transport, cell migration or squeezing e.g.,
Whatever the hypothesis, the lipid diversity allows for different non-covalent forces,
i.e. van der Waals, electrostatic, solvation (hydration, hydrophobic), steric, entropic,
e.g., which are critical for membrane structure, organization and functions through
modulation of biophysical membrane properties including lipid packing, membrane
curvature and asymmetry [2–4].

Current views on structural and dynamical aspects of biological membranes
have been strongly influenced by the homogenous fluid mosaic model of Singer
and Nicolson in 1972 [5]. Today, this basic model remains relevant [6], although
it is widely accepted that it cannot explain the role of mosaic, aggregate and
domain structures in membranes as well as the lateral mobility restriction of
many membrane proteins [7]. In the 90’s, Simons and coll. proposed the lipid raft
hypothesis [8], where GSLs form detergent-resistant membranes (DRMs) enriched
in cholesterol and glycosylphosphatidylinositol (GPI)-anchored proteins in cold
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non-ionic detergents. In 2006, lipid rafts were redefined as: “small (20–100 nm),
heterogeneous, highly dynamic, sterol- and sphingolipid-enriched domains that
compartmentalize cellular processes. Small rafts can sometimes be stabilized to
form larger platforms through protein-protein and protein-lipid interactions” [9].
However, the raft hypothesis is still up for debate [10, 11]. This could arise from its
original definition experiments using the controversial detergent extraction method
in combination with cholesterol and/or sphingolipid depletion. It should be never-
theless noticed that recent progress in microscopy, such as combined fluorescence
correlation spectroscopy (FCS) with stimulated emission depletion microscopy
(STED) [12] or super-resolution microscopy [13], provides strong evidence for the
existence of transient, nanoscale, cholesterol- and sphingolipid-enriched membrane
clusters, giving new insight in the raft hypothesis. Controversial opinions regarding
the raft hypothesis could also arise from its restricted definition as compared to the
high diversity of lipid composition among cellular membranes and the wide amount
of factors regulating lipid clustering. Yet, the original definition of rafts is often
revisited. In 2010, lipid rafts were redefined as “fluctuating nanoscale assemblies of
sphingolipids, cholesterol and proteins that can be stabilized to coalesce, forming
platforms that function in membrane signaling and trafficking” [14], taking into
account the dynamical aspect of membranes.

In addition to rafts, other nanoscale domains, i.e. < 100 nm in diameter, have
been described at the plasma membrane (PM) of eukaryotes: caveolae [15] and
tetraspanin-rich domains [16], a.o. Moreover, morphological evidence for stable
(min vs sec) submicrometric (> 200 nm vs < 100 nm) lipid domains was reported in
artificial [17–19] and highly specialized biological membranes [18, 20]. In the past
decades, owing to the development of new probes and imaging methods, several
groups have presented evidence for submicrometric domains in a variety of cells
from prokaryotes to yeast and mammalian cells [21–27].

Such complexity in lipid distribution could play a role in cell physiology, includ-
ing in cell shaping and reshaping processes. However, whereas the traction by the
cytoskeleton, the action of membrane-bending proteins and membrane transversal
asymmetry have been shown to contribute to cell reshaping [28–30], the importance
of membrane lateral heterogeneity remains to be clearly determined. In this chapter,
we highlight the physiopathological importance of membrane (re)shaping (Sect.
5.2), describe some methods to measure it (Sect. 5.3) and summarize the main actors
involved in its regulation (Sect. 5.4). We then provide evidence for lipid domains in
living cells (Sect. 5.5) and a summary of their regulation mechanisms (Sect. 5.6). We
then integrate the importance of lipid lateral heterogeneity in membrane (re)shaping
(Sect. 5.7).

5.2 Membrane Shaping & Reshaping – Role
in Physiopathology

Membranes are at the centre of cell shaping and reshaping processes. For examples,
red blood cell (RBC) exhibits a biconcave shape needed for its optimal deformation
and function (see Sect. 5.4), while bacteria can be cocci, rods and spirochetes
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5 Lipid Domains and Membrane (Re)Shaping: From Biophysics to Biology 125

Fig. 5.1 Physiological importance of cell (re)shaping. A. Shape of (a) a biconcave RBC; (b–d)
cocci, rods and spirochetes; (e) enterocyte brush border of mouse intestinal explant; (f) growing
neuron branches into dendrite (Adapted from: (a) our unpublished data; (b–d) [31]; (e) [32]; (f)
[33]). B. Reshaping upon (a) RBC crossing from the splenic cord to sinus; (b) platelet activation;
(c) cleavage furrow initiation in Xenopus; (d) yeast S. cerevisiae budding; (e) formation of
the immunological synapse (arrow); (f) RBC vesiculation upon senescence (arrow); (g) vesicle
endocytosis (arrow) in mouse intestinal explants during fat absorption (Adapted from: (a) [34]; (c)
[35]; (d) [36]; (e) [37]; (f) our unpublished data; (g) [32])

(Fig. 5.1Aa–d). Epithelial cells and neurons are other examples of cells showing
‘special’ shapes needed for their functions (Fig. 5.1Ae,f). In their environment, cells
face a variety of stimuli and stresses, either chemical/biochemical (e.g. hormones,
ligands, toxins, ions) or physico-mechanical (e.g. temperature, pH, pressure, shear
stress, stretching). Examples include squeezing of RBCs in the narrow pores of
spleen sinusoids, pressure exerted by tumors on surrounding cells, shear stress by
the blood stream on endothelial cells, stretching of muscle cells during contraction,
gathering of blood platelets to stop bleeding, cell division and formation of the
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126 C. Léonard et al.

immunological synapse (Fig. 5.1Ba-e). As opposed to global cell deformability,
local budding and vesicle formation can also occur from the PM, allowing for
endocytosis (Fig. 5.1Bg) or microvesicle (MV) formation. While considered for
a long time as inert cellular fragments, MVs are nowadays recognized to play
crucial roles in both physiological and pathological processes, such as intercellular
communication [38], coagulation [39], inflammation [40], tumorigenesis [41] and
migration [42], a.o. MVs are also released from RBCs upon normal senescence (Fig.
5.1Bf), a process accelerated in RBC membrane fragility diseases, leading to loss
of biconcavity and deformability. It is thus important to decipher molecular details
of membrane structure and mechanisms involved in cell (re)shaping. In Sect. 5.7,
we focus on the potential implication of lipid domains in cell shaping, squeezing,
vesiculation and division.

5.3 Membrane Shaping & Reshaping – Measurement

Cell mechanical properties involved in deformation can be studied by several
biophysical methods. These can be classified into two categories, based on measure-
ments on individual or multiple cells. Biophysical techniques devoted to individual
cells include micropipette aspiration, atomic force microscopy (AFM), optical
tweezers or microfluidics, a.o. Measurement on multiple cells can be performed
by cell separation (by filtration through polycarbonate membrane or a mixture of
microbeads) or microfluidics. Based on their ability to image lipid domains in
relation to cell deformation, we decided to focus in this Section on the micropipette
aspiration, AFM and microfluidics. For optical tweezers, we recommend [47];
for cell separation by filtration through polycarbonate membrane or a mixture of
microbeads, see [34, 48].

Micropipette aspiration was initially developed to measure the RBC elastic
properties [49]. Briefly, a micropipette is manipulated towards a cell, usually in
suspension, and a small suction pressure is applied, partially aspirating the cell
inside the micropipette. Upon increasing the suction pressure, the cell deforms,
flows into the micropipette and increases the length of projection of the aspirated
portion (Fig. 5.2Aa). This deformation is then analyzed to determine the cell elastic
property, i.e. the Young’s modulus. The technique can be used to apply forces over
a range of 10 pN to 1 nN [50]. It has been applied to various cells including red cell
membranes [51] and cancer cells [52, 53]. In the context of lipid domains, it can be
used to test whether these exhibit a gradient along the deformation projection (Fig.
5.2Aa,b).

AFM was invented 30 years ago to image non-conductive samples at high-
resolution. Key developments now allow AFM to investigate biological sample, i.e.
imaging in buffer solution and maintaining the native state of the biological system
[54]. Briefly the principle of AFM is to scan a tip over the sample while using an
optical detection system to measure with high-sensitivity the force applied on the
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5 Lipid Domains and Membrane (Re)Shaping: From Biophysics to Biology 127

Fig. 5.2 Principles of some methods used to evaluate lipid domain organization upon deformation.
A. Micropipette aspiration. (a) Experimental apparatus for GUV aspiration and tube pulling. Pi,
Po & Pp pressures inside vesicle, outside vesicle & in the micropipette, Rt, Rv & Rp radius of tube,
vesicle & pipette, Lt & Lp length of tube and vesicle projection in pipette, f pulling force, Inorm

normalized intensity [43]. (b) Confocal equatorial section showing the partitioning of fluorescent
lipids in membrane nanotubes of different radii (yellow box in a) pulled out from a GUV [44].
B. AFM. (a) The AFM consists in an AFM tip positioned at the end of a flexible cantilever and
brought in contact with the sample. During scanning, the applied force is maintained constant
thanks to an optical system based on a laser focused at the end of the cantilever and reflected
into a photodetector. The tip contours the surface and its movement results in a height image. (b)
Three-dimensional AFM images of phase-separated membranes of differential composition and
domain height mismatch [45]. C. Microfluidics. (a) Side view of a microfluidic device composed
of a pressure layer with integrated microstamps situated above a fluidic layer containing a GUV.
(b) Induced tension by the microfluidic device causes lipid lateral sorting in GUVs: 0 min, one
Ld and two Lo phases (left); after 45 min, lipid sorting into one Lo patch to reduce the tension
(right) [46]

sample [55]. This detection system is based on a laser focused at the end of the
cantilever and deflected into a photodiode. This electric signal is then converted
into a force using calibrated parameters. By maintaining the applied force constant,
the height of the tip is adjusted and its movement results in the height image that
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resembles the sample topography with the resolution depending on the radius of
the tip, the applied force, the physical properties of the sample, and how precisely
the feedback system acts (Fig. 5.2B). AFM rapidly evolved from an imaging tool
to a multifunctional tool that, simultaneously to the topography, is also capable
to probe biophysical properties [56]. By recording force-distance curves, i.e. by
monitoring the variation of the force while approaching the AFM tip and retracting it
away from the biological sample, various properties can be quantified either during
the approach curve or during the retraction curve. The approach curve allows the
extraction of properties including mechanical deformation of the sample, elastic
modulus and energy dissipation. The dissipation is the area of the hysteresis between
the approach and the retract curve. The retraction curve can quantify adhesion
forces established between the tip and the sample. Modern AFM instruments can
acquire several hundreds of thousands of force-distance curves while imaging the
biological sample, allowing mapping physical properties and interactions to the
sample topography. Force-distance based AFM (or multiparametric imaging) opens
the door to image complex biological systems and simultaneously quantify and map
their properties. Nowadays, multiparametric imaging allows investigating native
biosystems with a resolution approaching 1 nm on purified membrane proteins
and simultaneously mapping their mechanical properties [57]. Force-distance based
AFM was also used to map the mechanical properties of heterogeneous membranes
[58], RBCs [59], human keratinocytes [60] or bacteria [61]. Besides mechanical
properties, force-distance based AFM also enables to map specific receptors. Using
functionalized AFM tips with specific chemical groups or ligands, the adhesion and
mechanical strength of specific bonds can be measured. Furthermore recording these
forces while imaging the biological systems allows detecting and localizing specific
interaction of biological samples ranging from antibodies to living cells [62–64].
Biospecific AFM mapping has proven useful to map receptor sites on animal cells
[62, 65, 66].

Microfluidic technologies can also be used to investigate cell mechanical prop-
erties upon deformation (Fig. 5.2Ca). These can be classified according to the
mechanical stimuli used to deform the cell (for review [67]): constriction chan-
nel, shear stress, voltage shock, optical stretcher, electric field or micropipette
aspiration. Microfluidics have been used to measure the deformability of RBCs
[68], leukocytes [69], human cancer cell lines [70] and patient oral squamous
cells [71]. Furthermore, their development in pathological contexts gives promising
perspectives for labelled-free clinical diagnostic. For example, breast cancer cells
were distinguished from non-malignant cells [72], malignant cells were identified in
human pleural fluid sample [73] and RBCs with deficiencies of cytoskeletal protein
network were detected [74]. While cost-effective, microfluidics is biocompatible,
requires small sample volume and gives fast responses. In addition, its “tune-ability”
makes it adaptable to any cell type, permits to recreate specific environmental
deformation conditions and to record electrical or biochemical properties besides
mechanical parameters. Furthermore, as microfluidics can be coupled to fluores-
cence microscopy, it has been used to evaluate reorganization of lipid domains under
stretching of model membranes (Fig. 5.2Cb) [46, 75].
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5.4 Membrane Shaping & Reshaping – Regulation

In this Section we provide an integrated view on documented mechanisms that
govern cell (re)shaping, first focusing on the simplest, best characterized and highly
deformable RBCs (Sect. 5.4.1). We will then deepen three key determinants for cell
(re)shaping, i.e. the cytoskeleton (Sect. 5.4.2), membrane shaping proteins (Sect.
5.4.3) and intrinsic membrane properties (Sect. 5.4.4).

5.4.1 Main Determinants of Cell (Re)Shaping – A Focus
on RBCs

The unique ability of RBC to deform is allowed by (i) its particular constitutive
biconcave geometry, (ii) a finely controlled cytoplasmic viscosity, and (iii) commu-
nication with its environment.

RBC exhibits a particular geometry characterized by a high membrane surface-
to-volume ratio. Indeed, by comparison to a sphere of the same volume, RBC
presents a membrane surface excess of �40%, explaining its biconcave shape.
Three factors allow to maintain and adapt this shape. First, the RBC membrane
is supported by a particularly dense and stable spectrin network. Second, this
cytoskeleton is strongly linked to the RBC PM, thus preventing membrane area
loss by vesiculation [28] (see Sect. 5.4.2). Third, the RBC cellular volume is tightly
regulated by several ionic transports. The NaC/KC-ATPase and the Ca2C-ATPase
(also called PMCA) set up the major cation gradients across the RBC PM [76,
77]. In addition, the RBC is endowed with a large variety of ion channels that are
nowadays proposed to play a dynamic role (reviewed in [78]). Thus, upon shear
stress in the circulation, a reversible increase in Ca2C permeability occurs. Piezo1,
a mechanosensitive non-selective cation channel, has been recently identified as the
link between mechanical forces, Ca2C influx and RBC volume homeostasis. This
study clearly indicates a role for mechanotransduction in cell volume regulation
via Ca2C influx through Piezo1 and subsequent RBC dehydration via downstream
activation of the Gardos channel [79], a Ca2C-dependent KC efflux channel [77].

RBC cytoplasmic viscosity, determined by hemoglobin concentration, is finely
regulated and comprised between 30–35 g/dL [80]. This characteristic allows RBCs
to rapidly adapt their shape upon shear stress. Aged and sickle RBCs exhibit
a hemoglobin concentration > 37 g/dL, resulting into cell rigidity and reduced
deformability [80].

RBCs are now known to communicate with their local environment, serving
as both recipients and producers of extracellular stimuli. Among the various RBC
molecules that contribute to such signaling is ATP, a regulatory molecule for both
intracellular and extracellular functions. Intracellular ATP represents an energy
source needed for NaC/KC- and Ca2C-ATPases, ATP-dependent glucose trans-
porters and flippases a.o. and for modulation of the compliance of the membrane
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with the cytoskeleton [81–84] (see Sect. 5.4.2). The release of ATP from RBCs
to the extracellular space, which occurs in response to small changes in osmotic
pressure, O2 concentration and pH, is proposed to be triggered by the retraction
of the spectrin-actin network [85]. Released ATP then induces the release of the
potent vasodilator nitric oxide from endothelial cells into the surrounding smooth
muscle cells. Among the most important signaling molecules able to regulate RBC
properties is O2. It has been recently demonstrated that the RBC oxygenation state
regulates membrane mechanical stability, glucose metabolism and ATP release via
the reversible association of deoxyhemoglobin with the anion transport protein Band
3 that acts as an O2-triggered molecular switch to regulate RBC properties [86].

Whether RBC membrane intrinsic properties, in particular lateral membrane
heterogeneity, contribute along with the above factors to deform the RBC remains
poorly understood. Arguments in favor of this hypothesis are discussed at Sects.
5.7.2 and 5.7.3.

5.4.2 Cytoskeleton

As highlighted above, the RBC cytoskeleton strengthens the lipid bilayer and
endows the membrane with durability and flexibility to survive in the circulation
[28]. It is made of a pseudohexagonal meshwork of spectrin, actin, protein 4.1R,
ankyrin and actin-associated proteins, attached to the membrane via multiprotein
complexes, centered on ankyrin and protein 4.1R. For readers interested in the
anatomy of the red cell membrane skeleton, an excellent recent review is recom-
mended [28].

It is well established that the RBC membrane is not static and ATP allows
maintaining the RBC biconcave shape and dynamic characteristics. For instance,
intracellular ATP increases the compliance of the membrane, as revealed by AFM
upon small compression of subcellular components [81] and through fluctuation
analysis [82, 83]. Mechanical measurements using optical tweezers has however
led to the opposite conclusion [84]. Thus, while it is clear that phosphorylation
directly modulates the mechanical stability of the RBC membrane, the response is
complex due to the fact that many cytoskeleton components are phosphoproteins.
Among those, phosphorylation of the 4.1R by PKC triggers the relaxation of the
RBC membrane through loosening the link between membrane and spectrin [87]
whereas phosphorylation of “-spectrin through the membrane-bound casein kinase
I [88] could enhance the maintenance of stable network interaction by increasing
the spectrin-ankyrin affinity [81]. Besides phosphoproteins, PIPs are alternative
candidates. While PIP2 enhances the binding of 4.1R to glycophorin C, it inhibits
the binding to Band 3 in vitro [89].

In nucleated mammalian cells, the cytoskeletal network scaffolding the PM
at the macroscopic level is a heterogeneous system consisting of actin fibers,
intermediate filaments and microtubules. This elaborate protein organization medi-
ates and controls membrane shaping and organization through the continuous
dynamic interplay between the PM and the cortical network underlying it. Adhesion
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between the cytoskeleton and the lipid bilayer maintains membrane tension, while
membrane shape and cytoskeletal assembly/disassembly processes are also strongly
intertwined. The cytoskeleton is known to regulate several essential cell processes
as follows: cortical actin supports the macroscopic curvature of the membrane
during mitosis, membrane ruffling is involved in phagocytosis, while actin dynamics
(treadmilling, branching and bundling) provides the mechanical force needed for
endocytosis, migration (formation of filopodia and lamellopodia) and morphogen-
esis. Additionally, molecular motors such as kinesins, dynein and myosin support
some organelle morphologies and promote the reorganization of the membrane [30].

Cortical actin is tightly bound to the PM via actin binding proteins, such as ’-
actinin domain, the ERM (Ezrin/Radixin/Moesin) domain [90, 91], the calponin
homology (CH) domain [92] and the Wiskott-Aldrich syndrome (WASP) homol-
ogy domain-2 (WH2) [93]. More commonly, linker proteins act as crosslinkers
between the actin architecture and membrane proteins by means of protein-
protein interactions motifs such as PDZ or ankyrin. PIPs are major regulatory
factors of actin-membrane interactions [94, 95], playing several roles in actin
dynamics regulation by controlling the localization and activity of actin-binding
proteins, a.o. Interactions between proteins and PIPs are mainly mediated by
pleckstrin homology (PH) domains [96–99]. In addition, many actin binding
and actin modulating proteins get activated through the interaction with PIP2-
containing membranes (e.g. ’-actinin, vinculin, talin or ezrin). Moreover, PIP2

stimulates actin polymerization activators (e.g. WASP, WAVE), while it inhibits
proteins that break and depolymerize actin (e.g. gelsolin, cofilin, villin, profilin)
[100]. Some studies also proposed the connection between actin cytoskeleton
and PS to induce nanoclustering of GPI-anchored proteins via transbilayer lipid
interactions [101].

5.4.3 Membrane Shaping Proteins

Remodeling of cell shape is accomplished by recruiting specialized proteins,
which contain motifs able to generate, sense or stabilize membrane curvature.
The synergistic actions of membrane shaping proteins along with changes in the
lipid bilayer and the cytoskeleton enable numerous cellular processes like division,
migration and intracellular trafficking.

Three key mechanisms underlying membrane shaping are currently known. The
first mechanism acts at the nanoscopic level and is a result of protein crowding
and partitioning of transmembrane domains. Molecular crowding by protein-protein
interactions has been recently pinpointed as a mechanism for altering the effective
bending modulus and the curvature of the membrane [102]. Transmembrane
proteins with a conical or inverted-conical shape can also mold their associated
membranes around their shapes, as in voltage-dependent KC channels [103] or
the nicotinic acetylcholine receptor [104]. Additionally, transmembrane receptor
clustering, such as transferrin or low-density lipoprotein, results in endocytic
clathrin-coated pit formation [105].
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The second mechanism involves the direct insertion of small hydrophobic
protein motifs between the lipid headgroups. The hydrophobic surface insertion
into the membrane hemilayer enlarges the surface of the inner leaflet, thus causing
membrane curvature. Numerous proteins playing key roles in membrane shaping
are known to present amphiphatic helices (endophilin, amphipysin, epsin, Bin2 a.o
[106]), but the most well-known classes leading to this type of electrostatic inter-
actions are the endosomal sorting complexes required for transport (ESCRT) and
Bin/Amphiphysin/Rvs (BAR) domain containing proteins. The electrostatic inter-
actions between ESCRT proteins are involved in membrane budding during virus
infection, membrane scission in the multivesicular body pathway and cytokinesis
[107, 108]. The BAR domain protein superfamily includes dimeric banana shaped
structures, which bind electrostatically to the membrane through their concave
face. Binding is thought to be mediated by the interaction between positively-
enriched areas of the BAR module (membrane contact site) and negatively-charged
lipids like PIPs [109, 110]. BAR proteins can also target negative PIPs through
pleckstrin homology (PH) or PhoX (PX) domains. The fact that BAR domains
interact preferentially with curved membranes makes them a sensor of high positive
curvature [111, 112]. The F-BAR (FCH-BAR) domains recognize shallow positive
curvature, while I-BAR (Inverse-BAR) domains interact with shallow negatively
curved membranes. BAR domain proteins have been implicated in many cellular
functions involving sensing or induction of membrane curvature, such as endocyto-
sis and membrane trafficking, podosome and filopodia formation, or mitochondria
and autophagosome shape (reviewed in [113]). BAR domain proteins can be seen as
a signaling ‘hub’ connecting membrane geometry and/or lipid composition to actin
cytoskeleton regulation and to different signaling pathways [114, 115].

The last mechanism of membrane deformation is the scaffold mechanism by
peripheral proteins at the nanoscopic level and their oligomeric assemblies at the
microscopic level. Clathrin, COPI and COPII are coat proteins recruited from
the cytosol during vesicle budding. They have the capacity to bend membranes
by relying on adaptor proteins. After the spherical coated vesicle pinches off,
these proteins are released back into the cytosol and can be recycled [116, 117].
Oligomerization of caveolin is linked to the formation of caveolae [15], while
reticulons and flotilins stabilize the ER curvature [118].

5.4.4 Intrinsic Membrane Properties

Several intrinsic membrane properties contribute to cell (re)shaping. We here
provide information on their regulation and physiological implication, with specific
focus on the molecular level. Membrane properties and regulation at the larger scale
of lipid domains and resulting from collective lipid behaviour will be discussed in
more details in Sect. 5.6.

The cellular membrane exhibits transbilayer asymmetry, first hypothesized in
the 70’s by Bretscher [119]. This asymmetry contributes to PM complexity and
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diversity by the differential repartition between the two leaflets of lipid (i) order
and packing (Sect. 5.4.4.1), (ii) charge and dipole (Sect. 5.4.4.2) and (iii) molecular
shape (Sect. 5.4.4.3), thereby leading to optimal physiological output. The inner
monolayer contains most of PS and PE whereas PC and SM are mostly located
within the outer leaflet. Whereas lipid PM asymmetry has been largely reported
including in human RBCs [120] and platelets [121], it is cell type-dependent [122,
123]. The asymmetric distribution of phospholipids is accompanied by asymmetry
of fatty acid chains. For example, in human RBCs, the double bond index is 1.54
for the inner face vs 0.78 for the outer face [124]. In contrast to phospholipids,
transbilayer distribution of cholesterol is highly debated [125]. Recently, choles-
terol has been shown to inhibit phospholipid scrambling [126], an unsuspected
function that could be critical for cell deformation. Membrane proteins (with their
preferred orientation) and communication with the exterior and interior aqueous
compartments (which contain different concentrations of ions, small molecules,
and/or proteins) also contribute to the bilayer asymmetry. Rapid exchanges between
leaflets are presumed to be prohibited by the large enthalpic barrier associated with
translocating hydrophilic materials, such as a charged lipid headgroup, through the
hydrophobic membrane core. The mechanism underlying transbilayer asymmetry
involves specific flippase (inward moving), floppase (outward moving) and scram-
blase (bidirectional) enzymes that assist in the movement of lipids between the
two leaflets of cellular membranes [127]. The transbilayer coupling may be also
an intrinsic property of the lipid themselves [128] via interdigitation through long
acyl chain (C22-C24) [101, 129].

5.4.4.1 Lipid Order and Packing

Lipid packing depends on the ratio between small and large polar heads and the
ratio between unsaturated and saturated acyl chains. The usual cis-unsaturated oleyl
chain (C18:1) occupies a larger volume than the palmitoyl chain (C16:0) because
the double bond induces a “kink” in the middle of the chain which lowers the
packing density of the acyl chains, thereby increasing membrane fluidity [130].
Owing to its acyl chain composition, SM forms a taller, narrower cylinder than
PC, increasing its packing density in the membrane. Consequently, at physiological
temperature, a SM bilayer exists in a solid gel phase with tightly packed, immobile
acyl chains [131, 132]. By interfering with acyl chain packing, sterols inhibit the
transition of the membrane to the solid gel state. At the same time, sterols rigidify
fluid membranes by reducing the flexibility of neighbouring unsaturated acyl chains,
thereby increasing membrane thickness and impermeability to solutes (the so-called
condensing effect of sterols) [133].

Based on membrane packing criteria, membrane can be viewed as a patchwork
with areas characterized by differences in membrane fluidity. The areas of low
fluidity are named the solid phase (L“) (or solid-ordered (So) phase). In these
areas the lipid acyl chains are tightly packed and there is a low rate of lateral
diffusion. In contrast, the more fluid areas are named the liquid crystalline (L’)
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phase [134] (more commonly called the liquid-disordered (Ld) state) which exhibits
both low packing and high lateral diffusion. In addition, at the proper concentration,
cholesterol may facilitate lateral segregation of lipids into cholesterol-depleted and
-enriched regions, such as liquid-ordered (Lo) lipid domains, which expose high
packing and high lateral diffusion. Lipid phase behavior is temperature-dependent
and the L“ phase transition into Ld phase occurs when temperature increases. The
temperature at which this transition occurs is known as the gel-to-liquid transition
temperature (Tm) and depends on lipid acyl chains. Lipids with long saturated fatty
acyl chains (e.g. most sphingolipids) have high Tm, whereas lipids with fatty acids
having cis double bonds (e.g. most phospholipids) have low Tm.

Membrane fluidity is critical to warrant proper protein sorting and membrane
trafficking required during adaptive responses. For example, organelles of the
secretory pathway differ in lipid composition, resulting into gradual increase of
molecular packing density and membrane rigidity from the ER toward the PM
[131, 135]. Thus, modulation of lipid composition and fluidity seems critical for
adaptive responses even though cytosolic proteins and integral membrane sensors
also contribute to regulate fluidity [2, 136, 137]. As a consequence of membrane
transbilayer asymmetry, membrane physical properties are also asymmetrical, the
outer monolayer being more packed and rigid than the inner one [124]. How
differential order of lipid domains in one leaflet can affect the order of the opposite
leaflet is highlighted in Sect. 5.6.2.

5.4.4.2 Lipid Dipole Potential

Most of the phospholipids and sphingolipids are zwitterionic and exhibit a signif-
icant permanent electric dipole moment [138]. Cell membrane transversal asym-
metry thus creates a permanent dipole potential, leading to a significant difference
in electric potential across the membrane that can vary from 100 to 400 mV and
is positive in the membrane interior [139]. The dipole potential arises from the
water dipole of the hydrated lipid bilayer [138, 140], the fatty acid carbonyl groups
[138, 141] and the lipid headgroup [142]. Cholesterol increases the membrane
dipole potential by impacting the orientation, strength and packing density of the
molecular dipoles at the membrane surface [143, 144] and via its own dipole
moment, which depends on its membrane orientation and membrane packing [145,
146]. How membrane and domain dipole potential can affect lipid domain size
and topography and how electrostatic interactions modulate and reorganize lipid
domains are developed in Sects. 5.6.2 and 5.6.3.

5.4.4.3 Lipid Molecular Shape

Moving to lipid molecular shape, i.e. ratio of head-to-tail area, some lipids like
PC show comparable lateral areas in the head and tail regions with an overall
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cylindrical molecular geometry, forming a planar bilayer. In contrast, PE have a
small headgroup relative to the cross-sectional area of the hydrocarbon tails (conical
shape) whereas lysophospholipids are characterized by tail regions of bigger lateral
cross-section than the headgroups (inverted conical shape). The cylindrical, conical
and inverted-conical lipids have zero, negative and positive spontaneous curvatures,
respectively.

Generation of membrane shape by lipids is generally attributed to intrinsic
lipid molecular shapes (lipid morphism [147]) and lipid membrane transversal
asymmetry (bilayer couple hypothesis [148]) and this specific molecular lipid
sorting is usually associated to a substantial and persistent energy input mediated
by proteins [31]. The asymmetry between the inner and outer leaflets results in
spontaneous bending of originally flat membrane. This can be ascribed by an elastic
parameter, named the spontaneous curvature which corresponds to the curvature
that an unconstrained monolayer would adopt. It can be positive (if the membrane
prefers to bulge toward the exterior compartment) or negative (the opposite). When
a system is forced to adopt a curvature different from the spontaneous curvature,
the curvature elastic stress is considered. Examples include cellular processes that
require membrane bending like endocytosis, budding or cell deformation. Since
these processes are highly sensitive to changes in lipid composition and to the
presence of specific lipids [149, 150], subtle modifications in lipid composition
may have major implications for lipid and protein sorting under a curvature-based
membrane-sorting model [30, 151, 152]. How membrane curvature can affect lipid
domain sorting and topography is discussed in Sect. 5.6.2, and how lipid domains
could be involved in the generation of membrane shape is discussed in Sect. 5.7.1.

5.5 Lipid Domains – Evidence

The concept of lipid rafts is used to describe unstable nanoscale assemblies (20–
100 nm) enriched in sphingolipids, cholesterol and GPI-anchored proteins [8, 14].
Besides rafts, there are various types of membrane domains that are characterized
by their enrichment in specific proteins, such as caveolae and tetraspanin-enriched
domains [15, 16]. Rafts can sometimes be stabilized to form larger platforms
through protein:protein and protein:lipid interactions [9]. Morphological evidence
for stable (min vs sec for rafts) submicrometric domains (> 200 nm in diameter
vs < 100 nm) has been reported in artificial [17–19] (Sect. 5.5.1) and highly
specialized biological membranes [18, 20] (Sect. 5.5.2).

However, there is an intensified debate on the real existence of stable submi-
crometric lipid domains in cells. This can result from three main features. First,
whereas some groups have provided evidences for stable submicrometric lipid
domains in physiological conditions (Sects. 5.5.3 and 5.5.4 for examples), there are
cases in which they have not been detected. For example, whereas submicrometric
domains enriched in sphingolipids have been demonstrated by secondary ion mass
spectrometry (SIMS) at the fibroblast PM, cholesterol is uniformly distributed
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throughout [153, 154]. Likewise, using protein micropatterning combined with
single-molecule tracking, Schutz and coll. have shown that GPI-anchored proteins
do not reside in ordered domains at the PM of living cells [155]. Differences
between studies can be explained by several reasons. For instance, analysis of lipid
lateral heterogeneity suffers from technical issues such as lipid unresponsiveness
to chemical fixation, fast translational movement, small molecular size and high
packing density. As a consequence, it is a big challenge to design small specific
fluorescent tools that can be used to analyze lipid organization by microscopic
methods with resolution approaching the nanometer-scale under poor lipid fixation.
Moreover, imaging artefacts could arise from non-resolved membrane projections
and domain abundance strongly varies with temperature, another possible cause of
non-reproducibility. Despite these limitations, which are also discussed elsewhere
[156, 157], novel specific probes have recently been developed and validated
(reviewed in [156, 158–160]). Membrane composition and biophysical properties
also strongly influence lipid lateral distribution. Finally, living cells are far from
equilibrium and are instead constantly reorganized by energy-driven processes,
including motor-driven constriction of the cytoskeleton, membrane trafficking,
lipid metabolism and exchanges of ions and molecules with the environment. A
second reason alimenting the debate is that submicrometric lipid domains have
sometimes been reported under non-physiological conditions: (i) in RBCs after
alteration of membrane ceramide or cholesterol contents upon treatment with a
toxin from Pseudomonas aeruginosa [161] or methyl-“-cyclodextrin (m“CD) [162],
respectively; and (ii) in CHO cells upon cholesterol depletion [163]. Third, lipid
domains could be not stably present but transiently generated by the hydrolysis of
specific lipids. One can cite the ceramide-rich domains with diameters of �200 nm
up to several micrometers that can be formed upon SM degradation by acid SMase
in response to stress [164, 165].

Therefore, one major challenge will be to evaluate whether submicrometric lipid
domains can be generalized or if they are restricted to cells exhibiting particular
membrane lipid composition, biophysical properties and membrane:cytoskeleton
anchorage. The rest of this book chapter is dedicated to this crucial question.

5.5.1 Membrane Models

Different types of model membranes have been developed to study phase separation,
including planar supported bilayers [170] and giant unilamellar vesicles (GUVs)
[171] made from lipid mixtures as well as giant PM vesicles (GPMVs) isolated from
cellular PMs after chemical treatment [172]. All these models are useful to perform
systematic analysis of the impact of lipid composition on phase separation, like in
model membranes mimicking the composition of the PM outer leaflet (Fig. 5.3a,b).
They show liquid-liquid phase separations, with domains of variable sizes depend-
ing on lipid composition and temperature (Fig. 5.3c,d). Planar supported bilayers
are useful for methods requiring rigid planar surfaces like AFM and ToF-SIMS.
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Fig. 5.3 Visualization of phase coexistence in model membranes. (a) GUV (DOPC/DPPC/Chol)
labelled with BODIPY-PC and DiIC18 showing Lo and Ld phases. (b) GUV (DOPC/stearyl-
SM/Chol) labelled with Rhodamine-DOPE (Ld phase) or Laurdan (fluidity). (c) GUVs of
DOPG/egg SM/Chol in different ratios labeled with the Ld phase marker DiIC18. (d) GUV
produced from native pulmonary surfactant labelled with BODIPY-PC and DiIC18 and examined
at 40 ıC and 25 ıC. (e) GPMV from NIH 3 T3 cells labeled with Rhodamine-DOPE, showing
fluid/fluid phase coexistence. (f) GUV (DOPC/DOPG/SM/Chol/GM1) labelled with Rhodamine-
LAT peptides examined before and after addition of CTxB (dark areas, Lo phase) (Adapted from:
(a) [18]; (b) [166]; (c) [167]; (d) [168]; (e); [17]; (f) [169])

With a size of 15–30 �m, GUVs are more suitable to approach the PM morphology.
However, even if proteins can be incorporated [173], GUV composition remains
far from the complex PM composition. GPMVs also exhibit phase separation
(Fig. 5.3e). However, whereas they contain both PM lipids and proteins, several
factors known to modulate phase separation are still missing, including cytoskeleton
anchorage, active cellular processes and cross-binding proteins (Fig. 5.3f). These
differences, which must be considered when studying phase separation, are reflected
in the differential Tm in living cells and isolated GPMVs [174].
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5.5.2 Highly-Specialized Biological Membranes

The question is whether and how lipid organization in model membranes can be
extrapolated to PMs. Indeed, in contrast to model membranes, PMs (i) are complex
in lipid composition and intrinsic membrane properties, (ii) exhibit a high diversity
of membrane proteins and a more or less anchored cytoskeleton, and (iii) are out
of thermodynamic equilibrium. It is thus interesting to first describe lipid lateral
distribution in membranes in which local equilibrium conditions are prone to occur,
i.e. the pulmonary surfactant and the skin stratum corneum membranes, due to
a relatively slow molecular turnover [18, 20]. Pulmonary surfactant membranes
contain an important quantity of DPPC, cholesterol and unsaturated lipids and
a low fraction of membrane proteins. These membranes show the coexistence
of two liquid domains at physiological temperature that was linked with their
spreading capacity at the air-water interface [18, 168]. Whereas extraction of the
surfactant proteins does not alter phase coexistence, partial cholesterol depletion
leads to elongated irregular domains, typical of gel/fluid phase coexistence. Domain
organization is also strongly affected by temperature [18]. In the skin stratum
corneum membrane, the lipid composition is also unique with mainly unusually
long chain ceramides and free fatty acids as well as cholesterol [175, 176]. Using
GUVs composed of lipid mixtures extracted from human skin stratum corneum,
Plasencia et al. have shown a pH- and temperature-dependent membrane lateral
organization. At pH 5, membranes exhibit a Ld phase at temperature > 70 ıC, a
Ld/gel phase coexistence between 40 and 70 ıC and a gel/gel-like phase coexistence
at temperature < 40 ıC (relevant since skin physiological temperature is �30 ıC). At
pH 7, the coexistence of these two distinct micrometric gel-like domains disappears
and has been linked to the permeability properties of the skin stratum corneum [20].

Thus, these two specialized membranes highlight three important features
regarding membrane lateral distribution. First, they represent alternative models
besides model membranes in which equilibrium thermodynamic lipid phases have
been evidenced. Second, lipid domains could be favored by the exceptional lipid
composition of these membranes. It is thus crucial to consider this parameter
when discussing the existence of lipid domains. Third, domains seem to be
physiologically relevant.

5.5.3 Prokaryotes & Yeast

In contrast to mammalian cells, membrane domains are understudied in bacteria.
This could be explained by three main reasons. First, the presence of lipid domains
in cell membranes was for a long time thought to be a step during the course
of evolution of cellular complexity. Second, the formation of lipid rafts requires
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sterols, which are missing from the membrane of most bacteria. Third, taking
into account the small size of bacteria and the resolution limits of conventional
confocal microscopy, exploring lipid domains in bacteria is particularly difficult.
Fluorescence resonance energy transfer (FRET) and fluorescence anisotropy have
nevertheless provided a significant amount of information.

Cardiolipin-enriched domains have been evidenced in bacteria with the fluo-
rescent dye 10-N-nonylacridine orange (NAO). This probe, which was initially
developed to visualize cardiolipin-rich mitochondria in eukaryotic cells, was also
used to localize cardiolipin at the polar and septal poles of E. coli and B. subtilis
[177, 178]. More recently, it has been shown that bacteria have the capacity to
organize protein transport, secretion and signal transduction cascade in functional
membrane microdomains (FMMs) [179]. Whereas FMMs have been suggested to
be equivalent to eukaryotic lipid rafts [180], they exhibit differential composition.
Indeed, bacterial membranes are enriched in phospholipids, lipopolysaccharides
and various lipoproteins [181, 182] but most of them do not have sphingolipids
[183] and only a few contain sterols [184, 185]. It should be stressed that some
bacteria synthesize hopanoids, which have a chemical structure similar to that of
cholesterol [186] and which could form nanometric domains by self-aggregation
[180]. A nanoSIMS technique was employed to probe the existence of hopanoid
lipid domains in cyanobacterium Nostoc punctiforme [187]. Bacterial flotillin FloT
and FloA proteins along with squalene biosynthesis were found to play key roles in
the formation of lipid domains. Heterogeneous distribution of flotillin-like proteins
in B. subtilis was directly visualized by fluorescence microscopy upon labelling with
the translational fusion FloT-GFP [188, 189]. The question of lipid composition of
the flotillin-enriched structures still remains.

In contrast to bacteria, yeast represents a powerful system to explore lipid
domain organization based on genetic approaches. In addition, like plants, yeast
exhibits membranes which appear highly heterogeneous and can be imaged with
conventional methods [190]. As indirect evidence for lipid domains in yeast, a
Lo/Ld phase coexistence has been shown on model membranes either prepared
from yeast total lipid extracts or with defined composition including ergosterol
and inositolphosphoceramide [191]. Then, sterol-enriched submicrometric com-
partments containing the eisosome protein Sur7 and proton symporters Can1,
Fur4, Tat2 and HUP1 have been evidenced thanks to filipin labelling [192]. More
recently, major redistribution of PIP2 into membrane clusters has been evidenced
upon osmotic stress in both fission and budding yeast cells [193, 194]. Such
PIP2 clusters are spatially organized by eisosomes, protein-based structures of the
yeast PM. After perturbation of sphingolipids, sterol, PS or PIP2 levels, patchwork
protein distribution is modified, suggesting a relation between proteins and lipids
at the yeast PM domains. Besides PM, the yeast vacuole membrane proteins also
segregate in two large stable membrane domains exhibiting differential ordering
properties in response to nutrient deprivation, changes in pH of the medium and
other stresses [195].
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5.5.4 Animal Cells

In the past decades, submicrometric lipid domains have been documented at the
outer and/or inner PM leaflet of various cell types, using several tools and methods.
A substantial, albeit non-exhaustive, list of examples is presented in [156]. We will
here select some cells based on their need to reshape during essential physiopatho-
logical processes, i.e. RBC (squeezing in narrow pores), platelet (spreading during
coagulation), neutrophil (chemotaxis), neuron and glial cell (shape adaptation),
epithelial cell (polarization) and cancer cell (squeezing to invade tissues). Images
are provided in Figs. 5.4 and 5.5.

Human RBCs are the simplest and best characterized eukaryotic cell system both
at lipid and protein levels [196, 197]. Hence, they are biconcave and are submitted
to strong deformability during their 120-days lifetime. Moreover, for practical
purposes, RBCs are a model of choice to explore PM lipid lateral heterogeneity
because they (i) are easily available and robust, (ii) exhibit high homogeneity in
size and shape due to rapid clearance of damaged RBCs by the spleen, (iii) present
a flat surface without membrane projections or protrusions, avoiding confusion
between domains and lipid enrichment in membrane ruffles, and (iv) do not make
endocytosis, avoiding any confusion between domains and endosomes. We first
revealed submicrometric domains by vital confocal imaging of spread RBCs upon
trace insertion in the outer PM leaflet of fluorescent lipid analogs (e.g. BODIPY-
SM) [25, 198]. Similar domains have then been observed upon direct labeling
of endogenous SM and cholesterol using specific fluorescent toxin derivatives,
Lysenin and Theta [21, 24] (Fig. 5.4). Double labeling of RBCs with the SM-
specific Lysenin, then with BODIPY-SM, reveals perfect colocalization, suggesting
the relevance of BODIPY-SM to study its native counterpart [21]. In contrast,

Fig. 5.4 Evidence for submicrometric lipid domains in RBCs. RBCs labelled by Lysenin*
(a; endogenous SM) or Theta* (b; endogenous cholesterol), then by exogenous BODIPY-SM.
Whereas Lysenin* and BODIPY-SM perfectly co-localize (a), two types of cholesterol domains,
enriched in either both cholesterol and SM (yellow arrowheads, b) or cholesterol (chol) mainly
(red arrowheads, b), coexist [21, 24]
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Fig. 5.5 Evidence for submicrometric lipid domains in nucleated mammalian cells. (a) Human
neutrophil stained for phosphatidylglucoside (PtdGlc) and lactosylceramide (LacCer) and exam-
ined by STED microscopy. (b) Human neutrophil analyzed for SM at the inner face by
SDS-digested freeze-fracture replica labelling with a Lysenin fragment. (c) LLC-PK1 cell labeled
for SM (Equinatoxin) and SM clusters (Lysenin) and analyzed at its apical surface by structured
illumination microscopy (SIM). (d) LLC-PK1 cell expressing Dronpa-PH (PIP2), stained with
Lysenin (SM) and analyzed by PALM/dSTORM. (e) HeLa cell labeled for cholesterol (Theta
toxin fragment) and analyzed by PALM. (f) Jurkat cell labeled with a Lysenin fragment (SM) and
biotinylated CTxB (GM1). (g) Fibroblast labeled with 15N–sphingolipid precursors and examined
by SIMS combined with TIRF. (h) Human skin fibroblast labeled and imaged as in (b) (Adapted
from (a) [199]; (b) [122]; (c) [200]; (d) [201]; (e) [202]; (f) [203]; (g) [154]; (h) [122])
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Fig. 5.6 Regulation of submicrometric lipid domains in RBCs. Illustration for cholesterol (chol)-
and SM-enriched domains (respectively labelled by Theta* & Lysenin*). (a) Control (ctl) RBCs
at 20 ıC. (b–d) Similar regulation: (b) increased temperature (42 ıC), (c) specific lipid depletion
(�SM or -Chol), (d) acute uncoupling of membrane:cytoskeleton anchorage at 4.1R complexes
(PKC activation). (e,f) Differential regulation: (e) increased tension (increased spreading on
coverslip), (f) increased Ca2C efflux (Ca2C-free medium containing EGTA) (Adapted from [21,
24, 204])

double labeling with BODIPY-SM and the cholesterol-specific probe Theta leads
to partial dissociation, indicating the coexistence of two types of domains at the
RBC surface (see below). Submicrometric lipid domains have been confirmed on
RBCs suspended in a 3D–gel, thus without artificial stretching, suggesting a genuine
feature of RBCs in vivo. Mechanistically, lipid domains of RBCs are governed by
temperature, lipid content, membrane:cytoskeleton anchorage, membrane tension
and Ca2C exchanges [21, 24, 204] (see Fig. 5.6.). In agreement with our confocal
imaging data, Scheuring and coll. revealed by AFM the structural and mechanical
heterogeneity of the RBC membrane [81]. These studies contrast with the random
distribution of SM clusters observed by Kobayashi and coll. using SDS-digested
freeze-fracture replica labelling [122, 123]. Whether this discrepancy reflects
differences in methodology (imaging approach, fixation, labelling efficiency) or in
parameters that are known to regulate domains (temperature, membrane tension,
bending) remains to be determined.

Human platelets are central to hemostasis. Using 4-dimensional live-cell imaging
and electron microscopy, Agbani et al. have recently shown that platelets adherent
to collagen are transformed into PS-exposing balloon-like structures with expansive
macro/microvesiculate contact surfaces, by a process called procoagulant spreading
[205]. Whereas platelet activation is known to critically depend on PS surface
exposure [206], the importance of lipid lateral distribution is less understood.
On one hand, using the artificial lipid probe DiIC18, Gousset et al. have shown
submicrometric domains in platelets upon activation, suggesting regulated raft
coalescence into larger domains under appropriate conditions [207, 208]. On the
other hand, random distribution of SM clusters has been revealed by SDS-digested
freeze-fracture replica labelling in both non-stimulated and stimulated platelets
[122, 123].
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Upon recruitment to sites of inflammation via chemotaxis, neutrophils rapidly
change their morphology, from roughly spherical resting to migratory cells with
distinct leading and trailing edges. Maxfield and coll. have proposed that mem-
brane lipid organization is critical for human neutrophil, through the formation
of submicrometric domains that help in amplifying the chemoattractant gradient
and maintaining cell polarization [209]. However, this suggestion was mainly
based on disruption of lipid organization using m“CD and morphological evidence
for lipid domains was not provided. Recently, STED has revealed that the two
main neutrophil glycolipids, phosphatidylglucoside and lactosylceramide, form
distinct domains in their outer PM (Fig. 5.5a). Moreover, lactosylceramide domains
associate with the Src family kinase Lyn and could thereby participate in chemotaxis
[199, 210]. Evidence for domains in the inner leaflet of neutrophil PM has also been
provided, with diameter > 200 nm and enrichment in SM [122] (Fig. 5.5b).

Neurons can also adopt a variety of shapes to adapt to the region and function in
the nervous system. By characterizing the elastic properties of specific membrane
domains in living hippocampal neurons by AFM, it was demonstrated that GPI-
anchored proteins reside within domains of �70 nm size that are stiffer than
the surrounding membrane. Upon inhibition of actin filament formation, the size
of the GPI-enriched domains increases without change in stiffness [66]. During
the development of the central nervous system, the reciprocal communication
between neurons and oligodendrocytes is essential for the generation of myelin.
Oligodendrocytes exhibit a differential relative abundance of specific lipids during
differentiation [211] and a high global lipid content [212]. Several reports have
shown that some of these lipids cluster into domains. First, galactosylceramide
and sulfatides form submicrometric domains [213], mutually interacting at the
apposed membranes of wrapped myelin [214], regulating PM organization and
myelin protein lateral diffusion [215]. Second, GM1-enriched domains are essential
for oligodendrocyte precursor survival by providing signaling platforms for growth
factor-mediated integrin activation [216].

Lipid domains could also play a role in epithelial cell polarization. By FRAP of
several membrane proteins, Meder and coll. revelead the coexistence of at least two
different lipid phases in the apical PM of epithelial cells, but not in fibroblasts [217].
In differentiated MDCK cells, SM-enriched domains have been evidenced at the
basolateral membrane [200]. In contrast, the SM-specific probe Lysenin selectively
stains the apical PM of Eph4 cells, a cell line derived from mouse mammary gland
epithelial cells [218], and SIM evidences SM clusters in the apical PM of LLC-
PK1 cells [200] (Fig. 5.5c). Such differences in lipid lateral distribution should be
discussed in light of epithelial cell biochemical and morphological characteristics,
as proposed in [219, 220].

Lipid domains are also relevant to cancer cells. First, imaging by AFM of
membranes purified by ultracentrifugation from human breast cancer cells (MDA-
MB-231) has revealed the presence of submicrometric domains [221]. Second,
super-resolution fluorescence microscopy of HeLa cells labeled with fluorescent
Lysenin and Theta has demonstrated two types of lipid domains of �250 nm
in diameter and differentially enriched in cholesterol and SM [202] (Fig. 5.5e).
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Third, electron microscopy of Jurkat T-cells (an immortalized line of human T
lymphocyte cells) double labeled with Lysenin and CTxB indicates the coexistence
of SM- and GM1-enriched domains [203] (Fig. 5.5f). Upon labeling of the same
cells with Laurdan, Dinic and coll. have shown the association of TCR with small
ordered actin-dependent PM domains in resting T cells that can aggregate upon
TCR engagement [222]. Acquisition of a motile phenotype in T lymphocytes results
in the redistribution of ganglioside GM3- and GM1-enriched raft domains to the
leading edge and to the uropod, respectively, in a cholesterol- and actin-dependent
process. It was suggested that segregation of membrane proteins between distinct
lipid domains allows mediating redistribution of specialized molecules needed for
T cell migration [223].

Lipid domains have also been observed in other cells such as fibroblasts and
myoblasts. At the PM of fixed mouse embryo fibroblasts labeled with Lysenin,
SM clusters that appear to be membrane lipid trafficking-dependent have been
observed [224]. In contrast to cholesterol which is uniformly distributed throughout,
evidence for submicrometric sphingolipid-enriched domains has been provided at
the NIH3T3 mouse embryo fibroblast PM using SIMS (Fig. 5.5g). These domains
are only reduced in abundance upon cholesterol depletion but fully eliminated upon
cytoskeleton disruption, suggesting they are not lipid rafts [153, 154]. SM domains
[122] (Fig. 5.5h) and restriction of PIP2 diffusion have also been shown in the
inner leaflet of fibroblasts [225]. At the lateral PM of living C2C12 myoblasts,
which exhibit a high level of cholesterol [226] and a strong membrane:cytoskeleton
anchorage, we revealed heterogeneous distribution of cholesterol upon decoration
by Theta [24].

Thus, stable lipid domains can be evidenced in a large diversity of living cells
but the concept is still difficult to generalize. As recently proposed by Kobayashi
and coll. for asymmetric lipid distribution across the PM, we suggest that the lateral
distribution of lipids is highly regulated and cell-dependent. It is thus crucial to
integrate PM lipid composition and membrane properties, cytoskeleton:membrane
coupling as well as membrane trafficking and lipid turnover while discussing lipid
domains (see Sect. 5.6).

Another important challenge is to evaluate lipid domain diversity, both at the
inner and the outer leaflets, and to establish whether there is a correspondence
between lipid domains in the two leaflets. Several studies based on multiple labeling
using validated probes, combined or not with specific lipid depletion, report for
the coexistence of distinct lipid domains in the PM. First, sterol- and sphingolipid-
enriched domains only partially overlap in several PMs. For instance, by double
labeling experiments in RBCs, we showed the coexistence of two types of domains,
one enriched in SM and cholesterol vs another mainly enriched in cholesterol
[24]. SIMS in mouse fibroblasts revealed that partial cholesterol depletion does
not eliminate the sphingolipid domains but reduces their abundance [154]. The
structure and abundance of sphingolipid domains at the yeast PM seem independent
of ergosterol [227]. Second, one (class of) lipid can even be distributed in several
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different pools. Thus, the dissociation of SM- and GM1-rich domains in the
outer PM leaflet of Jurkat T-cells has been shown by electron microscopy [203]
(Fig. 5.5f). GM1 and GM3 clusters at the fibroblast PM largely dissociate and are
redistributed upon actin cytoskeleton disruption, indicating that their distribution
not only depends on phase separation but also on cytoskeleton [228]. By confocal
vital imaging of the RBC PM, we evidenced two types of cholesterol-enriched
domains [24]. Using a toxin that binds to cholesterol-rich membranes, Das et al.
have shown that the human fibroblast PM contains three types of cholesterol pools,
i.e. a pool accessible to the toxin, a SM-sequestered pool that binds to the toxin
only when SM is abrogated and a residual pool that does not bind the toxin even
after SM abrogation [229]. Whether these pools represent real domains remains
to be determined. Likewise, in S. cerevisiae, two ergosterol pools, one enriched in
sphingolipids and the other not, are involved in two different aspects of yeast mating,
pheromone signaling and PM fusion, respectively [230].

Regarding lipid domain transbilayer distribution, a superposition of SM clusters
in the outer PM leaflet and PIP2 in the inner leaflet has been shown by super-
resolution microscopy of LLC-PK1 cells [201] (Fig. 5.5d). By delivering fluorescent
PIP2 and F-actin specific probes using synthetic vesicles and real time live cell
imaging, Chierico and coll. have shown that PIP2 domain formation during the
early stage of cell adhesion correlates with rafts [231]. Mayor and co-workers
provided experimental and simulation data showing that nanoclustering of GPI-
anchored proteins at the outer PM leaflet by dynamic cortical actin is made by the
interdigitation and transbilayer coupling of long saturated acyl chains [101].

5.6 Lipid Domains – Control

Biological membranes possess two characteristic, yet opposing, features. They
present a fluid-like nature allowing for free movement of their constituents,
while providing area for a variety of biological functions suggesting non-uniform
distribution and formation of lipid/protein domains. A large variety of mechanisms,
including energetic considerations (Sect. 5.6.1), intrinsic membrane properties
(Sect. 5.6.2) and extrinsic factors (Sect. 5.6.3), could contribute to control domains.
We believe that these mechanisms can differentially impact distinct lipid domains,
as illustrated for RBCs at Fig. 5.6, resulting in a wide diversity of domains in cells
(see Sects. 5.5.3 and 5.5.4).

5.6.1 Energetic Considerations

Phase transition temperature (Sect. 5.6.1.1) and line tension at phase boundary
(Sect. 5.6.1.2) are potential energetic sources for cell control of domain size.
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5.6.1.1 Phase Transition Temperature

Lipid immiscibility and Lo-Ld liquid phase separation, well-characterized on
ternary mixture of polar lipids and cholesterol [232], are proposed to drive
lipid domain biogenesis, according to the lipid raft hypothesis. However, recent
experiments on GPMVs expose liquid-phase separation at lower temperature (�15–
25 ıC) than 37 ıC [17, 174]. Since in the one-phase region micrometer-scale
composition fluctuations occur and become increasingly large and long-lived as
temperature is decreased to the transition, Veatch and coll. proposed that lipid rafts
are the manifestation of transient compositional fluctuations and suggested that
cells may exploit the low energy cost associated with (re)organizing components
in membranes with critical composition [174]. By using the relatively long-range
fluctuation-driven forces between membrane inclusions (called Casimir forces),
Machta et al. proposed that cells may also take advantage of being close to the
critical point to (re)organize the lateral segregation of membrane proteins [233].

In living cells, although no evidence of miscibility transition over a temperature
range of 14–37 ıC was observed, GPMVs derived from these cells do instead exhibit
such a transition, pointing out that phase transition is not driven in living cells by
temperature in a range of 14–37 ıC. Groves and coll. therefore suggested that living
cells maintain either the T > Tm or T < Tm through the wide temperature range and
highlighted the robustness of the cellular membrane to temperature change [234],
an opposite view from the models of Veatch and Machta.

The discrepancy between Veatch/Machta and Groves and coll. models could
arise from the fact that GPMVs, as compared to the mother-cell PM, have lost
cytoskeleton anchorage and transmembrane asymmetry [17] and are no longer
connected with cross-linking components or lipid recycling, all known to modulate
liquid phase separation (see Sects. 5.6.2 and 5.6.3). Indeed, Groves and coll. have
shown differential tension between living cell PMs and derived GPMVs, suggesting
that cell membranes may be maintained in a different region of the phase diagram
avoiding a temperature-driven phase transition [234]. It is possible that interactions
with cytoskeletal/membrane proteins or active cellular process dominate or even
obliterate lipid miscibility effects.

Bagatolli and coworkers discussed the biological existence and significance
of equilibrium thermodynamic phase and equilibrium critical points in biological
membranes, which normally are in non-equilibrium conditions [10, 11]. They
suggest that critical point phenomena are unlikely to be a major factor regulating
biological phenomena since, for example, small mistuning near critical point could
lead to drastic change in membrane structure and cell function. Another point of
view is that biological system could exhibit a non-equilibrium critical behavior or
a self-organized critical behavior [235]. The self-organized critical system exposes
a critical state which is robust to perturbations and needs no tuning as it evolves
itself towards the critical state thought self-organization [236]. This idea is appealing
for biological system regarding its robustness as compared to system near critical
points.
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5.6.1.2 Line Tension at Phase Boundary

The line tension, i.e. the energy at domain boundary, results from the different phase
properties of the lipid domains and its surrounding, leading to thickness mismatch at
domain boundary and unfavorable exposure of lipid hydrocarbon regions to water.
Theoretical work exposed the central role of line tension for lipid domain lateral
sorting [237]. Different observations on model membranes also support this view.
First, lipid domains are circular and rapidly return to a circular shape after external
perturbation [238] to minimize the boundary length, supporting the importance of
line tension at the phase interface. Second, degrading cholesterol (a key regulator of
differential order and thickness between lipid domains and surrounding membrane)
with cholesterol oxidase in one monolayer induces irregular domain boundary
followed by domain disappearance [238]. Third, domain size increases with the
extent of acyl chain unsaturation [237], another regulator of differential order and
thickness between lipid domains and surrounding membrane. Fourth, domain size
and the mismatch in bilayer thickness at phase boundary are directly correlated
[237]. Fifth, with increasing temperature, GPMVs exhibit in their two-phase region
a linear decrease of the line tension which approaches zero at the Tm [174].
Experiments on living RBCs have confirmed some of these observations: (i) lipid
domains are all circular [21, 24]; (ii) cholesterol or SM depletion induce irregular
domain boundary (our unpublished data); and (iii) domain abundance and size are
differently modulated by line-active agents [239].

The energy cost of the line tension depends on the size of the height mismatch
and the length of the boundary. Mechanisms minimizing hydrophobic exposure
at domain boundary by reducing both factors were suggested to take place in the
membrane. The first one involves elastic lipid deformation to decrease the step-like
change in thickness at domain boundary [240] while the second one favors domain
coalescence to reduce domain boundary perimeter [241]. But, if the line tension
at domain boundary was the only relevant energy consideration, any system with
coexisting liquid domains would achieve equilibrium at one round domain. In fact,
this is not the case since a stable distribution of lipid domain size can be observed
in both model membranes and living cells. This suggests that other energy factors
compete with the line tension, such as the entropic penalty for domain merge [241].
In addition, in living cells, the lipid composition is far more complex than in model
membranes. Taking this in account, the step-like nature of lipid domain boundary
found in a ternary mixture could be compensated in living cells by accumulation at
domain boundary of (i) lipids of intermediate length, decreasing the abruptness of
the boundary and the strength of the line tension [242], and (ii) proteins playing the
role of line-active agents by accumulating at the interface [243].

5.6.2 Intrinsic Membrane Properties

Intrinsic membrane properties are also critical for controling lipid domains. These
include membrane lipid:lipid interactions (Sect. 5.6.2.1), curvature (Sect. 5.6.2.2),
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transversal asymmetry (Sect. 5.6.2.3), dipole potential (Sect. 5.6.2.4) and pro-
tein:lipid interactions (Sect. 5.6.2.5).

5.6.2.1 Membrane Lipid:Lipid Interactions

The favorable cholesterol and SM interaction observed in biomimetic model
membranes and leading to the coexistence of cholesterol/SM-enriched phase (“raft-
like”) with cholesterol/SM-poor phase (“non raft-like”) is proposed in the seminal
lipid raft definition to drive lipid domain biogenesis. Accordingly, cholesterol-
enriched domains partially colocalize with SM-enriched domains at the living RBC
PM and both lipid domains exhibit reciprocal dependence, as revealed by specific
cholesterol or SM membrane depletion [21, 24]. However, several other studies
indicate the opposite. First, depletion of homogenously distributed cholesterol in
mouse fibroblast PM does not influence the morphology of sphingolipid-enriched
domains [154]. Second, in yeast, sphingolipids do not accumulate in ergosterol-
enriched domains [27] and sphingolipid-enriched domain structure and abundance
do not depend on ergosterol metabolism [227]. Accordingly, stability of the proton-
ATPase Pma1 at the yeast PM specifically requires sphingolipids but not sterols
[27]. All these observations suggest that sterol-sphingolipid interactions are not
sufficient to explain the formation of lipid domains in cellular membranes. Besides
SM/cholesterol, GSLs and ceramides, which present very particular physico-
chemical properties, have been proposed to contribute to generate and/or maintain
lipid domains [199, 210, 244, 245] (see also Sects. 5.5.2 and 5.5.4).

5.6.2.2 Membrane Curvature

Using simulation of complex asymmetric PM model containing seven lipid species
including GM3 and PIP2, Koldso and coll. have shown that the concave regions
of the bilayer surface are enriched in GM3 [246]. Likewise the increase in GM1
concentration in POPC bilayers induces tighter lipid packing, driven mainly by
inter-GM1 carbohydrate-carbohydrate interactions, leading to a greater preference
for the positive curvature of GM1-containing membranes and larger cluster sizes
of ordered-lipid clusters [247]. These two studies suggest a relation between
membrane curvature and lipid lateral sorting.

One step further, the observation of specific lipid sorting in vesicle and tubule
budding from organelles involved in endocytosis [248, 249] has suggested that
membrane curvature could provide a mechanism for the spatial sorting of lipids.
This hypothesis has been tested by experiments pulling membrane tubes out of
GUVs, confirming a curvature-driven lipid sorting [44, 250]. Mechanistically, it has
been proposed that individual lipids are not effectively curvature-sorted according
to their individual shape by membrane curvature differences of magnitudes found
in intracellular membranes, but that cooperativity of lipid domains is needed
to enable efficient curvature sorting in function of domain intrinsic curvature
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and bending stiffness [43, 251]. Besides domain bending stiffness and intrinsic
curvature, a competition between domain bending rigidity and line tension at phase
boundary is also proposed as driving force for lipid domain association to membrane
curvature [252].

Thus, membrane curvature seems to provide a mechanism for lipid spatial
sorting. It should be stressed that domain size and topography also imply on domain
dimensionality that can switch from a flat to “dimpled” shape. This switch depends
on the competition between (i) the 3D surface tension/mass ratio that favors small
surface and then flat domain, and (ii) the 2D phase boundary line tension/mass ratio
that prefers any domain morphology that reduces the boundary length [243, 253].
Ursell and coworkers used theoretical and experimental work to show that, when this
competition results in a transition from a flat to dimpled domain shape, it leads to
two dimpled domains that are able of repulsive elastic interaction, slowing domain
merge and thus regulating domain size and topography [253].

5.6.2.3 Membrane Transversal Asymmetry

As explained in Sect. 5.4.4, PM exhibits transversal asymmetry. Lipid mixtures that
are typically found in the outer leaflet tend to phase-separate in Lo and Ld liquid
phases when reconstituted in model membranes [254]. In contrast, lipid mixtures
that represent the inner leaflet do not undergo macroscopic phase separation and
are in Ld state [255]. In cells, whereas lipid domains have been more documented
on the outer PM leaflet, they have nevertheless been identified at the inner leaflet
of various cell types [201, 256, 257], asking for a potential interleaflet coupling
resulting in domain formation.

Theoretical works addressed physical mechanisms leading to fluid domain
coupling across membranes. May and coll. focused on electrostatic coupling,
cholesterol flip-flop and dynamic chain interdigitation as underlying mechanisms
of interleaflet coupling, and argued that the latter likely provides the main contri-
bution [258]. Other potential mechanisms are the van der Waals interactions and
composition curvature coupling [259]. May also discussed the importance of a fine
balance between interleaflet line tension at the bilayer midplane and intraleaflet line
tension at domain interface within each leaflet as crucial energetic considerations
for interleaflet coupling [258]. As a first line of evidence for interleaflet coupling
in lipid bilayers, Sackmann and coworkers imaged the deposition of a DMPC
(dimyristoy-PC) monolayer doped with green NBD-DMPE (dimyristoyl-PE) (Ld
state) on a supported DMPE monolayer doped with Texas-Red DMPE (So state).
They evidenced the formation in the DMPC monolayer of crystalline domains which
appear to be in perfect register with the So domains of the DMPE monolayer [260].

Since asymmetric model membranes have long been difficult to obtain, exper-
iments studying if and how one leaflet affects the structure and thermodynamic
phase behavior of the apposed leaflet have generated controversial results. Recent
preparation of asymmetric GUVs yielded significant insight and suggested that a
Lo domain in one leaflet can induce a Lo domain in the apposed leaflet [255, 261].
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However, phase-state across leaflets of asymmetric bilayers appears to be highly
sensitive to lipid composition in one leaflet [261]. A recent elegant study, using
fast Laurdan general polarization imaging on active planar supported bilayers and
showing the formation of lipid domains upon lipase action, provides an example for
the biological relevance of interleaflet coupling at non-equilibrium conditions [262].

Three lines of evidence on living cells support the reciprocal interaction between
inner and outer leaflet domains: (i) the superposition of outer SM and inner
PIP2 clusters [201]; (ii) the colocalization of inner and outer leaflet proteins
during signaling events [263]; and (iii) the colocalization of inner leaflet-associated
proteins with outer leaflet rafts [264, 265].

5.6.2.4 Membrane Dipole Potential

Based on theoretical and experimental investigations on lipid monolayers, it has
been shown that the size of domains results from balancing the line tension (which
favors the formation of a large single circular domain) against the electrostatic
cost of assembling the dipolar moments of the lipids (which prevents monolayers
from reaching complete phase separation) [266]. Calculations were then extended
to lipid bilayers. Hence, the work took in account ionic strength, showing that,
at high ionic strength, the effects of dipole are short-ranged and the system is
dominated by line tension, leading to domain size increase [267]. In biological
membranes, the transmembrane voltage has been shown to significantly increase
the phase transition temperature in squid axon membranes [268] and growing
pollen tubes [269] and abundance of SM-enriched domains is decreased in living
yeast following membrane depolarization [270]. Thus, it seems that depolarized
membrane is more homogeneous than polarized membrane, but the mechanism
underlying the induction of lipid domains by the transmembrane electric field is
not clear yet [271].

5.6.2.5 Membrane Protein:Lipid Interactions

Since lipids diffuse fast in the membranes, the local synthesis of a given species
is not sufficient to form lipid domains. Therefore, lipid diffusion must be confined
by proteins to allow for domain formation and stabilization [263, 272, 273]. Thus,
lipid domains can be captured and stabilized by lipid:protein interactions thanks
to lipid-anchored proteins, such as GPI-anchored proteins [274], or transmembrane
proteins. If the initial site for lipid:protein interaction is the boundary between the Lo
domain and the adjacent Ld membrane, then proteins could function as surfactants.
For example, confocal microscopy and AFM have revealed the preferential in
vitro localization of lipid-anchored N-Ras to Lo–Ld domain boundaries [275] and
the reorganization of phase-separated membranes into irregular domains by the
reduction of line tension at phase boundary due to the binding of a membrane-active
peptide derived from the apoptotic protein Bax at the domain interface [276].
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Integral membrane proteins can also organize lipids, as the intramembrane protein
needs to be solvated by the flexible disordered chains of phospholipids. Mouritsen’s
hydrophobic matching hypothesis proposes that integral membrane proteins perturb
surrounding lipids so that bilayer thickness matches the length of the transmembrane
domain [277]. Consistently, recent work indicates that proteins might be the most
important determinants of membrane thickness, at least in the exocytic pathway
[278]. Larger more stable lipid domains can be formed by protein:protein interac-
tions. As examples, one can cite the T cell receptor (TCR) and IgE receptor signaling
platforms [279, 280].

5.6.3 Extrinsic Factors

Besides membrane proteins (Sect. 5.6.2.5) are those that shape the membrane such
as cytoskeleton (Sect. 5.6.3.1) and cross-binding proteins (Sect. 5.6.3.2). Moreover,
lipid domains can be influenced by electrostatic interactions with cations (Sect.
5.6.3.3) and membrane/lipid turnover (Sect. 5.6.3.4).

5.6.3.1 Cytoskeleton

Proximity and direct interaction between the membrane and cytoskeleton via actin-
binding proteins or complexes makes the cytoskeleton one of the most important
extrinsic factor to influence PM lateral distribution. Kusumi and coll. suggested
that the PM is compartmentalized into large areas containing smaller regions,
resulting from an actin-based membrane cytoskeleton fence structure with anchored
transmembrane proteins acting as pickets [256, 281].

However, membrane scaffolds can have strongly differential effects on lipid
organization. Thus, Frisz and coll. demonstrated that actin depolymerization induces
a randomization of 15N–sphingolipids in fibroblasts, indicating that sphingolipid-
enriched domains strongly depend on the actin-based cytoskeleton [154]. Thanks
to a genetically encoded fluorescent PS biosensor (GFP–LactC2) and a fluores-
cent PS analog together with single-particle tracking and fluorescence correlation
spectroscopy, Grinstein and coll. revealed that a sizable fraction of PS with limited
mobility exists in the PM and that cortical actin contributes to this confinement
[282]. More recently, Mayor and co-workers provided experimental and simulation
data showing that nanoclustering of GPI-anchored proteins at the outer PM leaflet
by dynamic cortical actin is made by the interdigitation and transbilayer coupling
of long saturated acyl chains and that cholesterol can stabilize Lo domains over a
length scale that is larger than the size of the immobilized cluster [101]. In RBCs,
observations are more contrasting since acute membrane:cytoskeleton uncoupling
at 4.1R and ankyrin complexes differentially modulate the abundance of lipid sub-
micrometric domains [24]. Effect of cytoskeleton on lipid phase separation in model
membranes also led to contrasting results: (i) polymerization of dendritic actin
network on the membrane of GUVs induces phase separation [283]; (ii) actin fibers
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bound on supported lipid bilayer prevent lipid phase separation that occurs at low
temperature [284]; and (iii) the prokaryotic tubulin homolog FtsZ attached to GUVs
suppresses large-scale phase separation below the phase transition temperature but
preserves phase separation above this temperature [285].

Besides temperature (see Sect. 5.6.1), two explanations can be provided for such
differential effects. First, the properties of the anchoring type and pattern at the PM
considerably vary between cell types and even within a same cell. Three types of
membrane scaffold structures have been described so far and are well-summarized
in [286]. First, the picket-and-fence model proposed by Kusumi and coll. [287–
289] is based on actin fence formation and binding to transmembrane proteins and
lipids via adaptor proteins. This model describes the PM organization into three
domains of decreasing size and showing cooperative actions: (i) the membrane
compartment (40–300 nm in diameter), corresponding to the PM partitioning medi-
ated by the interactions with the actin-based membrane cytoskeleton (fence) and the
transmembrane proteins anchored to the membrane cytoskeleton fence (pickets); (ii)
the raft domains (2–20 nm) confined by the anchored transmembrane proteins; and
(iii) the dynamic protein complex domains (3–10 nm), including dimers/oligomers
and greater complexes of membrane-associated and integral membrane proteins.
Among the specialized soluble proteins that can bind membrane bilayers via lipid-
binding domains, allowing for interaction between inner leaflet lipids and cortical
actin and contributing to compartimentalize the PM, one can cite the ERM proteins
[290]. The second model is based on the active actin fiber polymerizing binding
to the membrane constituents that drives clustering through aster formation [291,
292]. It is proposed that the living cell membrane is well-organized and that
localization, clustering, transport and/or transformation of membrane molecules
are allowed through the local engagement of the cortical actin machinery and
need energy [291]. This model especially accounts for the transient clustering of
molecules such as GPI-anchored proteins. Coupling of these proteins with the
actin cytoskeleton involves long chain lipids which couple across the bilayer in the
presence of cholesterol [101]. Third, some cells such as RBCs and neurons exhibit
regular spectrin/actin/ankyrin-based membrane scaffolds that provide mechanical
robustness. For information on the RBC cytoskeleton, see Sect. 5.4.2 and [28].

Second, we have to keep in mind that the cytoskeleton does not provide a
satisfactory explanation for all membrane-associated phenomena and there is no
universal model of the PM lateral organization [293]. At least, cytoskeleton should
be integrated in a more global view including membrane curvature, as recently
proposed by [284]. Based on computer simulations, super-resolution optical STED
microscopy and FCS, it has been demonstrated that the actin fibers bound to the
membrane help to organize the distribution of lipids and proteins at physiological
temperatures (i.e. > Tm), while preventing lipid phase separation happening at low
temperature. In the presence of curvature coupling, these two effects are enhanced
[284]. The idea behind is an extension of the picket-fence model, by including a
coupling of the local membrane curvature to the membrane composition, in a way
that the actin fibers cause the membrane to curve reinforcing the influence of the
picket-fence [284].
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5.6.3.2 Cross-Binding Proteins

Several observations indicate that peripheral protein binding may represent an
additional regulator of lateral heterogeneity. First, cross-linking components like
upon CTxB (GM1 cross-linking) and Annexin V (PS binding) modulate phase
transition temperatures in membrane models [294]. Second, GSL clustering induced
by CTxB or Shiga toxin induce phase segregation in GUVs and GPMVs [295,
296]. Third, besides their recognized roles in generating membrane protrusions
or invaginations through the sculpting of PI-rich membranes, elegant studies have
shown a role for BAR domain proteins in generating stable PIP2 domains by limiting
their lateral diffusion, before inducing membrane curvature [297, 298]. These
domains could play a role in various physiological processes including endocytosis,
membrane protein trapping or storage of lipids in eisosomes [297].

5.6.3.3 Electrostatic Interactions of Charged Headgroups with Cations

The inner PM leaflet is the most negatively charged membrane of all cell bilayers,
attributed to its high PI and PS contents. Localized negative membrane charge
achieved by cations represents an alternative mechanism for domain formation
and/or stabilization. It is indeed well established that the lateral organization of PIP2

can be modulated by Ca2C, as shown in GUVs, lipid monolayers and bilayers [299–
301]. PIP2 heterogeneous distribution has been confirmed in the PM and depends
on the interaction between PIP2 and polybasic protein domains (such as MARCKS)
that can be modulated by Ca2C and calmodulin [302, 303]. Contrasting with the
PIP2 domain formation by cations, PS (which can also modulate membrane charge
locally) domains seem to preferentially rely on the association with protein com-
plexes immobilized by the cytoskeleton [282] than on anionic domains, suggesting
that the formation of Ca2C induced domains depend on the high charge density of
the lipid [299].

Such localized membrane charge can facilitate PM protein clustering to confined
regions. For example, Ca2C (but not Mg2C) has been shown to promote the
formation of syntaxin 1 (a SNARE protein) mesoscale domains through PIP2 in
PC12 cell sheets, indicating that this cation acts as a bridge that specifically and
reversibly connects multiple syntaxin 1/PIP2 complexes and suggesting a role for
Ca2C in PM reorganization during Ca2C-regulated secretion [304]. Alternatively,
localized membrane charge can induce conformational change of PM proteins
[305], as shown during the activation of T cell receptor (TCR) upon antigen
engagement. TCR interacts with acidic phospholipids through ionic interactions
in quiescent T cells, resulting into deep membrane insertion of the tyrosine side
chains. This renders TCR inaccessible to phosphorylation by the Src-kinase Lck.
After antigen engagement of TCR, local Ca2C concentration increases, leading to
disruption of the ionic protein:lipid interaction, dissociation of tyrosines from the
membrane and accessibility to Lck [305, 306].
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In cells, a way to create localized membrane domains that differ in charge
is through modification of local Ca2Cconcentration by localized transient Ca2C

influx from membrane channels. Among these channels one can cite transient
receptor potential ion channels that respond to mechanical stress induced by
tension and trigger Ca2C influx that interact with negatively-charged membrane
lipids [305]. For example, TRMP7 has been shown to drive the formation of
Ca2C domains during invadosome formation in neuroblastoma cells [307] and at
the leading edge of migrating cells [308]. It should be stressed that localized
electrostatic interaction of charged lipid headgroups with cations could be linked
to other mechanisms involved in membrane lipid lateral heterogeneity, such as actin
dynamics [309]. It remains to be determined if such localized membrane charge in
the inner PM can have consequences on the organization of the outer PM leaflet
(see Sect. 5.5.4).

5.6.3.4 Membrane Recycling and Enzymatic Activity

A key difference between biological and model membranes is that the former are not
at thermodynamic equilibrium but subjected to active processes such as membrane
recycling and lipid turnover. Lipid recycling can be due to permanent exchange of
lipids with the surrounding medium (membrane reservoir) where lipids are locally
inserted at a constant rate everywhere along the membrane and removed at a rate
proportional to their local concentration [310]. Lipid recycling can also occur via
vesicular lipid transport events that can either specifically target lipid domains or
random areas of the membrane [311]. For a review on this topic, please refer to
[312]. In all living cells except RBCs, there is an active lipid recycling to and from
the membrane that is proposed to limit lipid domain size [313]. Lipid domains
in mature RBCs are larger, more stable and more round than in other living cells
[21, 24], which could support the implication of active cellular processes in lipid
domain destabilization in nucleated mammalian cells. In addition to lipid recycling,
the molecular interactions that control phase behavior can also be dramatically
affected by the activity of membrane lipases or kinases that generate phase-changing
products [132]. A recent study on model membranes evidenced the formation of
lipid domains upon addition of sphingomyelinase D [262].

5.7 Lipid Domains – Role in Membrane Shaping &
Reshaping

The view of membrane organization into submicrometric domains could confer
the size and stability required for PMs to deform. We here highlight how domains
could contribute to cell shaping (Sect. 5.7.1), squeezing (Sect. 5.7.2), vesiculation
(Sect. 5.7.3) and division (Sect. 5.7.4).
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5.7.1 Cell Shaping

At short length scale, relationship between curvature and lipid molecular structure
and lipid transbilayer sorting are well known (see Sect. 5.4.4). At long length scales,
different mechanisms may participate but whether lipid domains play a role in this
process is still unresolved. We here propose two mechanisms.

The first mechanism is based on the importance of cardiolipin-enriched domains
in curvature maintenance in rod-shape bacteria. It was recently shown that car-
diolipin localizes to the polar and septal regions of the inner membrane of
Escherichia coli [177], Bacillus subtilis [178] and Pseudomonas putida [314].
Bacterial poles and septa are regions that have the largest curvature [315, 316].
As bacterial cardiolipin have a small ratio of head-to-tail surface areas [317], it
is thus tempting to invoke the negatively curved regions of the inner leaflet of
bacterial membrane poles relative to the cylindrical midcell to explain cardiolipin
localization. However, the relative affinity of a single nanometer-sized cardiolipin
molecule for the very slightly curved poles is likely insufficient for stable polar
localization in a micrometer-sized bacterium. An alternative explanation is that
cardiolipin localization is purely driven by lipid phase segregation. However, the
observed rapid repartitioning of cardiolipin to the division site [177, 178] would be
strongly disfavored if cardiolipin is segregated in a single, large cluster at one or both
poles. Instead, Wingreen and coll. proposed stable finite-sized cardiolipin clusters
which can spontaneously and independently target the two cell poles as well as the
nascent division site [318, 319]. Weibel and coll. found that a cardiolipin synthase
mutant of the rod-shaped Rhodobacter sphaeroides produces ellipsoid-shaped cells
in a reversible process, and that bacteria with impaired MreB expose the same
shape changes [320]. Huang and coll. recently demonstrated in E. coli that feedback
between cell geometry and MreB cytoskeleton localization at the regions of negative
curvature maintains rod-like shape by directing growth away from the poles and
actively straightening locally curved cell regions [321]. In addition, cardiolipin
has been shown to sense and transmit changes in inner membrane curvature to
the bacterial phage shock protein (Psp) system (a cell envelope stress response
system). Therefore, cardiolipin domains could be viewed as a membrane curvature
sensor (due to its curvature-sorting properties) and as an indicator for membrane
or cytoskeletal proteins that feedback on membrane curvature to maintain bacterial
shape (due to its potential raft-like ability to segregate proteins).

A second mechanism suggests the direct stabilization of membrane curvature
by lipid domains, as lipid lateral segregation into regions of preferential curvature
could relax stresses in the membrane. The recruitment of lipid domains in areas
of increased curvature would then result from a competition between the gains
in the membrane elastic energy and the segregation-induced loss of entropy.
This mechanism was proposed to stabilize the specific curvature of the Golgi
cisternae [322], but evidence for this phenomenon is not currently available. Using a
microfluidics to induce the deformation of GUVs with microstamps, Robinson and
coworkers evidenced Lo phase merge due to the tension induced by the deformation
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and proposed that lipid domain merge is needed to reduce the line tension following
the increase in membrane tension [46, 75]. Accordingly, theoretical work has shown
that lateral tension applied on a membrane increases the line tension [323]. Hence, at
a certain applied tension, the formation of a neck at Lo-Ld domains boundary allows
to reduce even more the line tension. Other experiments on GUVs with different
shapes also indicate the specific association of lipid domains with membrane
curvature areas driven by line tension [252]. In living RBCs, the specific recruitment
of cholesterol-enriched domains is observed in high curvature areas in RBC rim
upon stretching (Fig. 5.7b,b0; 204). Whether this recruitment is directly required for
membrane curvature stabilization, or indirectly via segregation of cytoskeleton or
proteins that stabilize curvature (as cardiolipin domains in bacteria), remains to be
investigated.

5.7.2 Cell Squeezing

RBCs are biconcave cells of �8 �m in diameter that are strongly deformable, as
tested upon crossing through small blood capillaries and splenic sinusoids, which
exhibit diameters smaller than 5 and 1 �m respectively [324]. As highlighted in
Sect. 5.4, RBC biconcavity, cytoskeleton strength and its PM anchorage are crucial
for RBC deformation. However, whether and how the cytoskeleton interacts with
specific membrane lipids and whether these interactions could have a regulatory
and/or a structural role in RBC deformation remain to be elucidated [28]. Our data
show that submicrometric lipid domains [21, 22, 24, 198] cluster upon membrane
bending (Fig. 5.7b,b0) and provide platforms for Ca2C exchanges needed for RBC
shape recovery after deformation (Fig. 5.7c,c0), suggesting their role in two steps
of RBC squeezing and highlighting the interplay between lipid domains, membrane
curvature and Ca2C in this process [204].

5.7.3 Cell Vesiculation

Upon senescence in vivo RBCs undergo multiple changes. These include the
decrease of activities of multiple enzymes, the gradual accumulation of oxidative
damage, the loss of membrane by vesiculation, the redistribution of ions and
alterations in cell volume, density and deformability. For comprehensive reviews on
aging mechanisms in healthy human RBCs, the reader is referred to [325, 326]. We
will here focus on the release of vesicles that are generally classified into two groups,
nanovesicles (�25 nm size) and microvesicles (MVs; �60–300 nm). In contrast to
nanovesicles, MVs seem influenced by partial membrane:cytoskeleton uncoupling.
Thus, upon senescence, cytoskeleton stiffness and density both increase, leading to
larger compressive forces on the cell membrane, that have been hypothesized to be
accommodated by increased membrane curvature and vesicle detachment from the
membrane [327–329]. MVs have been proposed to contribute to RBC senescence by
two opposite mechanisms. They may (i) prevent the elimination of the senescent but
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Fig. 5.7 Hypothetical model for the role of submicrometric lipid domains in RBC (re)shaping.
Organization of cholesterol-enriched domains (red) and SM-enriched domains (green) in bicon-
cave RBC in the circulation (a) and during reshaping upon either global deformation followed by
shape restoration (b,c) or vesiculation during senescence (d). (b0) Theta*-labelled (endogenous
cholesterol) RBC spread onto PDMS chamber and visualized by vital epifluorescence after
deformation: left, imaging; right, relation between cholesterol domains (red) and membrane
curvature (black). (c0) Lysenin*-labelled (endogenous SM) RBC upon Ca2C efflux during shape
restoration after deformation. (d’) Theta*-labelled RBC after extended storage at 4 ıC to accelerate
senescence (Adapted from [204])

yet functional RBCs, by elimination of Band 3 neoantigen, denatured hemoglobin
and oxidized proteins [330]; or instead (ii) promote removal of senescent RBCs
from the circulation, by elimination of CD47 [331], PS exposure to the outer PM
leaflet and increased intracellular Ca2C concentration [332].
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Whether RBC lipid domains represent specific sites for local budding and vesic-
ulation remains to be demonstrated. As direct evidences supporting this hypothesis,
Prohaska et al. have shown that Ca2C-induced vesicles are enriched in raft proteins
[333]. We provide direct evidence for the vesiculation of lipid domains at the living
RBC PM upon accelerated aging (Fig. 5.7d,d’) [204]. Convincing arguments are
also provided by simulation studies, membrane models and other cells. First, based
on a two-component coarse-grained molecular dynamics RBC membrane model, Li
and Lykotrafitis have revealed that the spontaneous curvature of the RBC membrane
domains can cause the formation of nanovesicles and that lateral compression
generates larger vesicles with heterogeneous composition, similar in size to the
cytoskeleton corral [334]. Second, using a combination of mechanical modeling
and GUV experiments, Phillips et al. showed that lipid domains can adopt a flat or
dimpled morphology, depending on spontaneous curvature, boundary line tension
of domains and domain size [253]. Third, Ld phases tend to spontaneously reside in
curved membrane regions of GUVs whereas Lo phases are preferentially localized
in flat regions [252]. Fourth, in living keratinocytes labeled by the Ld marker DiIC18
and the Lo GM1 marker CTxB, submicrometric lipid domain separation together
with spontaneous vesiculation of the Ld domains occur. Such vesiculation is still
increased by cholesterol depletion, which further enhances Lo/Ld domain separation
and detachment of the cortical cytoskeleton from the membrane [335]. Fifth, in
activated neutrophils, cholesterol-enriched vesicles are released [336], suggesting
that lipid domains might be the starting point of the vesiculation process. Sixth, rafts
are specifically selected and incorporated into the influenza virus envelope during
the budding of enveloped viruses from the PM [337]. Finally, specific lipid sorting
is observed in vesicle and tubule budding from organelles of the endocytic pathway
[248, 249].

5.7.4 Cell Division

Prokaryotic membrane domains contribute to division and morphogenesis. Besides
maintenance of membrane curvature and cell shape (see Sect. 5.7.1), cardiolipin is
also involved in curvature changes occurring during bacterial division. Based on
polar localization of chemotaxis receptors in E. coli [338] and septal localization of
the division proteins MinCD and DivIVA in B. subtilis [339, 340], it was proposed
that cardiolipin domains could play a role in sorting proteins. Renner and Weibel
developed a microtechnology-based technique to confirm the relationship between
bacteria curvature, cardiolipin domain localization at the poles and the positioning
of amphiphilic cytoplasmic proteins. Thus, in giant E. coli spheroplasts confined
in polymer microchambers, they demonstrated that cardiolipin domains localize to
regions of large negative curvature. By expressing YFP fused to the N-terminal

donatienne.tyteca@uclouvain.be



5 Lipid Domains and Membrane (Re)Shaping: From Biophysics to Biology 159

domain of the cytoplasmic division protein MinD, they showed the dependence
of negative membrane curvature on MinD localization in spheroplasts and its
colocalization with cardiolipin domains [341].

Membrane domains also participate to cell division in fungi. Elevated concentra-
tions of sterols decorate developing membranes upon growth-induced elongation
of the fungal cells Candida albicans and Aspergillus nidulans [342, 343] and
septum or mating projection formation in the yeasts Saccharomyces pombe and
cerevisiae [344, 345]. In fact, two sterol pools are required for two important
aspects of mating in S. cerevisiae, pheromone signaling and PM fusion [230].
Regarding the implication of sphingolipid-enriched domains, it has been shown in
S. cerevisiae that: (i) the inhibition of sphingolipid synthesis induces the formation
of multinuclear cells due to a defect in cytokinesis [346]; and (ii) the organization
in ordered domains at the mating projection depends on sphingolipids, as evidenced
by microscopy with Laurdan [347]. Lipid gradients in the inner PM leaflet have
also been revealed: (i) PIP2 is densely distributed in the shmoo tip of S. cerevisiae
[348]; (ii) the localized synthesis together with the restricted diffusion of PIP2 in
C. albicans result into a gradient from the tip of membrane protrusions to the neck
[349]; and (iii) PE concentrates at polarized ends in budding yeast [350].

In mammalian cells, cholesterol-containing domains concentrate at the cleavage
furrow and possess a signaling pathway that contributes to cytokinesis [351]. More
recently, the transbilayer colocalization between the outer SM and the inner PIP2

domains has been evidenced around the cleavage furrow and the midbody of HeLa
cells by super-resolution fluorescence microscopy. This study highlights two key
features of lipid domains. First, it shows the importance of SM domains in the
regulation of cytokinesis, as revealed by PIP2 domain dispersion, inhibition of
the Rho GTPase RhoA recruitment to the cleavage furrow and regression of the
cleavage furrow upon SMase treatment [201]. Second, it indicates that PIP2 in the
inner leaflet also form and remain in domains. Several reasons can explain the
restricted localization of PIP2 around SM clusters: (i) SM, PIP5K“ and PIP2 interact,
restricting the diffusion of PIP2; (ii) the Rho GTPase positively regulates the activity
of PIP5K“, enhancing the formation of PIP2 domains at the inner leaflet; and (iii)
the mobility of PIP2 is restricted by protein fences [201]. Another possibility is
that BAR domain proteins, besides their recognized role in membrane bending and
curvature sensing, control the diffusion of PIP2 through electrostatic interactions,
thereby generating stable domains before inducing membrane deformation, as
reported in [297]. Alternatively, PIP2 domains could be stabilized by Ca2C from
the surrounding membrane. PIP2 accumulation in the cleavage furrow of dividing
cells has been confirmed by others [352, 353]. In contrast, PE, which is normally
restricted to the inner leaflet, is exposed to the outer leaflet of the cleavage furrow
during cytokinesis, contributing to regulation of contractile ring disassembly [352,
354].
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5.8 Integration of Models and Observations

Since the mosaic fluid model of Singer and Nicolson in the 70s and the hypothesis
of lipid rafts proposed by Simons and coll. in the 90s, numerous models trying
to associate the two concepts were proposed. Some focused on the dynamic
aggregation of small lipid rafts by proteins, others on the impact of immobile
membrane proteins acting as picket-and-fence or of lipid recycling events. However,
at the sight of the large list of intrinsic and extrinsic factors regulating lipid
domains and the wide variety of lipid domain size, composition, shape, life-time
and topological distribution observed in PMs, a new point of view rejecting these
universal theories is now emerging. As emphasized in several key reviews in the
membrane field, we need to accept that no simple and universal model can describe
the complexity of the membrane [11, 293, 355, 356]. Membrane should instead
be seen as a complex dynamic mosaic, where the composition, size, shape and
topography of different domains depend on several intrinsic and extrinsic factors
heterogeneously distributed along the membrane.

Such complex organization could be required for many cell reshaping processes
like cell deformation, division and vesiculation, as highlighted in this Chapter.
Three main, but still hypothetical, roles for lipid domains in cell reshaping can be
proposed: (i) platform for membrane and skeletal protein sorting and/or activation,
(ii) membrane bending modulator, and (iii) preferential fragility sites for membrane
vesiculation (see Fig. 5.7). These roles emerge from the four main examples
discussed in this Chapter. First, cardiolipin-enriched domains in rod-shape bacteria
are sorted and reorganized by curvature, suggesting they could act both as curvature
sensor and indicator platforms allowing for the cytoskeleton to maintain proper cell
shape upon bacterial growth. Second, cholesterol-enriched domains in RBCs gather
into areas of increased curvature upon deformation while SM-enriched domains
are involved in Ca2C exchanges needed for RBC shape recovery, suggesting the
respective implication of these domains in membrane curvature and in Ca2C

exchanges providing platforms for protein recruitment/activation. Third, the specific
vesiculation of lipid domains from the RBC PM could come from a change in the
balance between lateral tension, domain bending and line tension, that could it-self
result from modulations in cytoskeleton anchorage, protein organization or lipid
asymmetry. Fourth, the recruitment of PIP2/SM-enriched domains at the cleavage
furrow is required for the progression of division through the recruitment of specific
membrane proteins and cytoskeleton, suggesting again the role of lipid domains as
platforms for protein sorting.

Despite these recent progresses, there are still many open questions and concerns
regarding generalization, regulation and physiopathological importance of mem-
brane lipid lateral distribution. We propose four directions for the future. First, the
use of imaging methods with differential temporal and spatial resolutions, while
taking into account the fixation issue, in combination with (multiple) labelling pos-
sibility using validated non-toxic relevant lipid probes and the dynamic perspective
should help revealing lipid domains. Second, integrating theoretical predictions
with experiments on model membranes and complex living cells will contribute to
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explore whether lipid domains can be generalized or not. Indeed, whether transient
nanometric and stable submicrometric lipid domains evidenced on cells and those
observed on model membranes are governed by the same mechanisms is currently
unclear. This should be stressed by systematic study of lipid domain biophysical
properties in living cell membranes, as it was done for model membranes during the
past years. In addition, the development of active model membrane systems subject
to transport, signal and enzymatic processes could help gain insight in how lipid
domains are controlled by the non-equilibrium state of living cell membranes [11].
As a third issue, we need to explore whether and how lipid domains could modulate
and/or stabilize membrane shape without involving proteins. Finally, membrane
lipid domains can be of small size in resting state but become larger and more stable
upon reshaping. Given that not all cells are subjected to extensive deformation, this
represents a critical challenge that could be successfully approached using a cell
model exhibiting intrinsic curvature and deformation ability.
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